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Abstract: Water companies make efforts to reduce the risk of microbial contamination in drinking
water. A widely used strategy is to introduce chlorine into the drinking water distribution system
(DWDS). A subtle potential risk is that non-lethal chlorine residuals may select for chlorine resistant
species in the biofilms that reside in DWDS. Here, we quantify the thickness, density, and coverage of
naturally occurring multi-species biofilms grown on slides in tap water with and without chlorine,
using fluorescence microscopy. We then place the slides in an annular rotating reactor and expose
them to fluid-wall shears, which are redolent of those on pipe walls in DWDS. We found that biofilms
in chlorine experiment were thicker, denser and with higher coverage than in non-chlorine conditions
under all flow regimes and during incubation. This suggests that the formation and development
of biofilms was promoted by chlorine. Surprisingly, for both chlorinated and non-chlorinated
conditions, biofilm thickness, density and coverage were all positively correlated with shear stress.
More differences were detected in biofilms under the different flow regimes in non-chlorine than
in chlorine experiments. This suggests a more robust biofilm under chlorine conditions. While this
might imply less mobilization of biofilms in high shear events in pipe networks, it might also provide
refuge from chlorine residuals for pathogens.
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1. Introduction

Water emerging from taps in DWDS is routinely tested for the presence of coliform
bacteria that might indicate microbial contamination [1]. There is evidence that even in
well-managed DWDS, the incidents of water failing these tests are increasing [1,2] and
that contaminated drinking water can cause serious health problems that are sufficient
and widespread enough to affect economies [3,4]. In many countries, including the United
Kingdom, chlorine disinfectant is added as the final stage of treatment at various locations
through the DWDS to maintain low-level residual chlorine in the pipes to eliminate bacterial
growth [5,6]. However, biofilms still grow on pipe walls in DWDS [7]. Some countries rely
on the integrity of their pipe networks and prohibit chlorine residuals due to concerns over
health risks from disinfection by-products as well as taste, colour, and odour changes in tap
water [8]. Given that microbial regrowth occurs in biofilms in both chlorinated and non-
chlorinated systems, the efficacy and health trade-offs of maintaining chlorine residuals
in networks has become a topic of debate. To inform this debate, it is important to gather
information on how the drinking water microbial diversity, pathogen abundance, bacterial
phenotypes and the properties of multi-species biofilms are affected by chlorine residuals.

Organisms within biofilms can survive longer and may have greater chlorine resistance
than those in the water phase [9,10]. This is due to protection that is conveyed by the EPS.
Biofilms act as a reservoir of microorganisms (including pathogens) adhering to the pipe
walls coated by EPS, which conveys mechanical stability [11]. The effect of chorine residuals
on single-species biofilms has already been studied. Thus, chlorine resistance of single-
species biofilms has been found to be highly related to the physiological state of bacterial
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cells. For example, when five strains isolated from simulated DWDS formed single-species
biofilms, where bacteria formed spores or secreted EPS, the biofilms showed a greater
chlorine resistance [9]. This agrees with another study that indicated that bacteria with
the highest EPS production showed the strongest chlorine resistance [12]. Gram-positive
bacteria from fresh water were more resistant to chlorine than Gram-negative [13].

Packman et al. [14] described how processes like chlorine disinfection can contribute to
the persistence and dissemination of bacterial pathogens from biofilms. They found that the
concentration of disinfectant in drinking water was not correlated with the abundance of
bacteria within the biofilms and they challenged the standard practice of maintaining chlo-
rine residual to inactivating water-borne pathogens, thus adding to a debate on chlorination
practices that has existed for many years [15]. Fish et al. [16,17] showed that high-chlorine
concentrations reduced biofilm cell concentrations in simulated DWDS, but selected for a
distinct biofilm bacterial community and inorganic composition, which presented unique
risks. In addition to that, there were several studies from which it is clear that chlorine
residual could not prevent biofilm development [18–20], but could only impact on the
quantity of bacteria and cause microbial community shifts. Our study sheds light on the
impact of chlorine on multi-species biofilm formation and development under different
flow conditions. Thus, we focus on measurements of several biofilm characteristics, such
as biofilm thickness, density, and biofilm coverage as well as number, size and coverage of
cell and EPS clumps both in water and on surfaces.

Here, we explore the impact of the chlorine disinfectant residual on the formation and
development of multi-species biofilms in tap water. We aim to add evidence to the debate
on whether disinfectant residuals act to reduce or promote biofilms. We studied biofilms
grown in chlorinated and unchlorinated water in stagnant conditions and in a bioreactor
under different turbulent flow regimes that are characteristic in main water pipes [21].

2. Materials and Methods
2.1. Experimental System and Conditions

Reactor slides were placed in two trays and left in water under stagnant conditions in
an incubator. The trays (Retail Acrylics, Cardiff, UK) had dimensions of 50 cm by 50 cm,
they were made of acrylic material (AT500L-D), and they were sterilized before use. One
tray had 45 reactor slides in tap water and the other tray had 45 slides in tap water that had
been allowed to sit for 24 h allowing the chlorine in water to decay [22,23], without affecting
the indigenous microbial community. We endeavoured to set the chlorine concentration
in the first tray of ‘chlorinated’ water at 1 mg/L at the onset of each day. To achieve that,
we sampled drinking water from a tap at the Biotechnology Lab in the ARC (Advanced
Research Centre building, University of Glasgow, Glasgow G11 6EW, UK). We measured the
total chlorine concentration in raw water for 24 h in the incubator at 20 ◦C and in the reactor
at 16.6 ◦C. On average, the concentration of total chlorine decayed to below 0.1 mg/L after
24 h (Tables S1 and S2 in Supplementary Material). When we added 600 µL of sodium
hypochlorite solution (6–14% active chlorine, Supelco, Emplura, Darmstadt, Germany), the
concentration rose to the desired 1 mg/L. Given that sodium hypochlorite solution was
dosed once per day and subsequently decayed in our chlorinated water experiment, the
chlorine concentration fluctuated between 0.53 and 1.03 mg/L (Table S3 in Supplementary
Material). Chlorine measurements were conducted using the USEPA DPD Method 8167
and a colorimeter (DR 900 Hach, Loveland, CO, USA) [24].

The reactor with the slides used for our experiments was the Rotating Annular Reactor
(RAR) from the BioSurface Technologies Corporation in United States (Bozeman, MT, USA).
It was sterilized before use with 70% ethanol according to the company’s protocol. The
reactor slides were of polycarbonate material (BST-503-PC). They had a height of 14.9 cm, a
width of 1.2 cm, an area of 17.5 cm2 and a volume of 2.80 cm3. The polycarbonate material
was chosen for the reactor slides as one of the plastic materials used in DWDS, which has
neither rough nor corroded surface [25,26]. The reactor was operated in batch mode for all
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flow conditions as the goal was to maintain a well-controlled system for our experiments
to promote the formation of biofilms on the reactor slides [27].

The incubated slides from the static culture were then moved to the reactor: 12 slides
for each of the three flow regimes in chlorinated water and another 12 slides for each of the
three flow regimes in chlorine-free water. In addition, 3 slides were used to characterize
biofilms immediately after the incubation period for both experiments. This number of
slides allowed us to have triplicates for all our surface measurements. The incubation
period was seven days. We chose 24 h for the reactor experiments as a sufficient time
for biofilms to adapt to each flow regime [21,28]. The incubation temperature was at
20 ◦C [29], which allowed biofilms to grow within a week [30,31]. The average temperature
water in the reactor was 16.6 ◦C, which is a representative water temperature in the
United Kingdom [11]. These temperatures were measured daily using a thermometer
(Fisherbrand™ 10/30 Ground Joint Thermometer, Fisher Scientific, Loughborough, UK).
The rotation speeds of the RAR for the three flow regimes were 217, 169 and 121 rpm,
which correspond, respectively, to Reynolds numbers of 7500, 5900 and 4200 (Equation (1)),
average speeds of 0.25, 0.20 and 0.13 ms−1, and shear stresses of 0.28, 0.18 and 0.08 Nm−2.
These were calculated based on Taylor–Couette flow equations [32–36]. The Reynolds
numbers show that all the regimes were turbulent.

Re = uD/v, (1)

In Equation (1), u is the velocity of the fluid, which in the case of the reactor is the
product of the rotating speed of the reactor and the radius of the inner rotating cylinder. In
the equation, D is two times the radius of the reactor annulus (the gap between the outer
and inner reactor cylinders). Lasty, v is the kinematic viscosity of the fluid.

2.2. Biofilm Measurements

Gravimetric measurements were performed to characterise the thickness and density
of biofilms on the reactor slides as described in an earlier study [37]. The measurements
were taken after the end of each flow regime in the reactor. In brief, three slides were
removed from the reactor, drained for five minutes at a vertical position, and weighed for
the determination of the wet mass. Then, the slides were dried for 24 h at 65 ◦C in an oven
(Carbolite Gero Ltd., Hope Valley, UK) and weighed again. After that, the dried biofilm was
washed off the slides with distilled water and laboratory tissues. The clean slides were dried
again for 24 h at 65 ◦C and then weighed. The dry mass was determined by the weight
difference of the slides with and without the dried biofilm. After the calculations of the
weight of the wet and dry biomass, and the clear weight of the reactor slides, we calculated
the biofilm thickness and density. For these measurements, the Fisherbrand™ Analytical
Balance MH-214 was used (Fisher Scientific, UK) with 0.0001 g precision.

Three slides were used for each microscopy measurement. Biofilms on the reactor
slides were fixed with 0.5 mL of 4% paraformaldehyde where necessary [38]. The samples
were firstly covered with 1 mL of 10 µg/mL Fluorescein Aleuria aurantia lectin (Vector
laboratories, Peterborough, UK) for 10 min in the dark to stain the EPS [26,39]. Then, they
were covered with 1 mL of 10 µg/mL 4′,6-diamidino-2-phenylindole (DAPI) (ThermoFisher
Scientific, Loughborough, UK) for 20 min in the dark to stain the cells. Biofilm structures
were visualised directly on the slides using the Evos FL Auto2 microscope (Invitrogen,
Waltham, MA, USA; ThermoFisher Scientific, Loughborough, UK). The filters used were
the FITC filter with excitation at 495 nm and emission at 525 nm for EPS visualisation and
the DAPI filter with excitation at 358 nm and emission at 461 nm for total cells visualisation.
The lens used was an Olympus UPlanSApo 40×/0.95. The analysis of our microscopy
images was performed in Matlab. The original images were firstly converted to grey-scale
images using the command “rgb2gray” and then to binary images using the command
“im2bw” to separate the biomaterial from the background of the image. Then, the number
of cell and EPS clumps was calculated using the command “bwlabel”. Also, the area of
cell and EPS clumps was calculated using the command “regionprops”. The total average
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coverage surface area that the cell and EPS clumps occupied was finally calculated. After
the surface areas were calculated, they were divided to the total surface to finally calculate
the percentages of the coverage (%). Lastly, the relative frequency of the area of the cell
and EPS clumps was calculated in Matlab using the functions cdf (cumulative distribution
function) and ecdf (empirical cumulative distribution function).

2.3. Biomaterial Measurements

To count cells, three 5 mL samples were used from the bulk water of the reactor.
We fixed the cells by adding 0.5 mL of 2% formaldehyde [40] and then we filtered the
liquid samples on Whatman® 0.2 µm membrane filters (Sigma-Aldrich, Irvine, UK). The
filters were covered with 1 mL of 0.1% Triton X-100 solution (ThermoFisher Scientific,
Loughborough, UK) to evenly disperse the cells before DAPI was applied. A solution of
1 mL of 10 µg/mL DAPI was used to stain the cells for 20 min in the dark. After that, the
solution was filtered, and the membrane filters were dried and prepared for visualisation.
Images were obtained for the cells on the membrane filters using the Evos FL Auto2
microscope. The lens used was an Olympus UPlanSApo 40×/0.95 and the filter used was
the DAPI filter. The same measurements as on the slides were performed for the biomaterial
(cells and EPS) in the water samples. For each case, three liquid samples of 10 mL each
were analysed. The biomaterial from the water samples was processed as described in the
cell count measurements in water (without the addition of the Triton solution). Again, the
Fluorescein Aleuria aurantia lectin was used to stain the EPS in the water samples. In total,
three calculations were made: the number of cell and EPS clumps, the area of cell and EPS
clumps, and the relative frequency of clumps.

2.4. Statistical Analysis

There were three different analyses; one analysis was to compare biofilms in chlorine
and non-chlorine experiments, the second one was to compare cells and EPS clumps in
both experiments, and the third one was to compare biofilms in the different flow regimes.
All measures were analysed in IBM SPSS Statistics program using one of the following tests:
(i) the one-way ANOVA test in conjunction with the Tukey’s and Duncan–Waller’s tests,
(ii) the Kruskal–Wallis by ranks test, (iii) the Jonckheere–Terpstra test and finally, (iv) the
Pearson’s chi-squared test in conjunction with the Phi and Cramer’s test, depending on the
fitness of the data under comparison to the assumptions of the statistical tests. All statistical
calculations were based on the confidence level of 95%, which means that a p value lower
than 0.05 was considered to be statistically significant. Where the data sets were normally
distributed and there was homogeneity of variances, then significant differences between
data were tested using the one-way ANOVA test in conjunction with the Post hoc Tukey’s
and Duncan–Waller’s tests that would further validate the statistical result of one-way
ANOVA. Where the data sets were not normally distributed, then the Kruskal–Wallis test
was used, in which the variances of the populations should be equal across the samples.
For the data in which the condition for the variances of the Kruskal–Wallis test was not
met, the Jonckheere–Terpstra test was deployed, in which there should be a priori ordering
of the populations. In the case in which the data sets did not validate the assumptions of
any of the previous statistical tests, then the Pearson’s chi-squared test in conjunction with
the Phi and Cramer’s statistical test were performed for large size samples for which there
was the assumption that the data sets were consistent with a theoretical distribution.

3. Results
3.1. Biofilm Thickness and Density

The results showed that the biofilm thickness and density were higher in chlorine
than in non-chlorine experiments under all conditions (Figure 1). During the 24 h, at the
reactor rotating at 217 rpm, the biofilms thickness and density increased, confirming that
the net movement was from the bulk water onto the slide surfaces. We also found that
biofilm thickness and density decreased under the lower shear stress conditions (169 and
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121 rpm). In all cases, the biofilms were found to be thin (ranging from 20 to 140 µm) as
we expected for tap water biofilms [41,42]. From Table S4 in Supplementary Material, the
statistical analysis indicated that the biofilm density was significantly higher (p < 0.05) in
chlorine than non-chlorine experiments under all reactor conditions.

Microorganisms 2023, 11, 2680 5 of 14 
 

 

3. Results 
3.1. Biofilm Thickness and Density 

The results showed that the biofilm thickness and density were higher in chlorine 
than in non-chlorine experiments under all conditions (Figure 1). During the 24 h, at the 
reactor rotating at 217 rpm, the biofilms thickness and density increased, confirming that 
the net movement was from the bulk water onto the slide surfaces. We also found that 
biofilm thickness and density decreased under the lower shear stress conditions (169 and 
121 rpm). In all cases, the biofilms were found to be thin (ranging from 20 to 140 µm) as 
we expected for tap water biofilms [41,42]. From Table S4 in Supplementary Material, the 
statistical analysis indicated that the biofilm density was significantly higher (p < 0.05) in 
chlorine than non-chlorine experiments under all reactor conditions. 

  
(a) (b) 

Figure 1. (a) Biofilm thickness and (b) biofilm density on reactor slides for chlorine and non-chlorine 
experiments under incubation and flow conditions. 

3.2. Number of Clumps on Slides 
The biofilm on the slides did not comprise a uniform, homogeneous film, instead it 

was made up of patches, or clumps, of cells and EPS of differing sizes. Thus, part of char-
acterizing the biofilm is to ascertain the number and distribution of clumps. The results in 
Figure 2 show that the number of EPS clumps was higher than that of cell clumps in both 
experiments. Thus, assuming the organic material identified as EPS was generated by bac-
teria, EPS clumps have separated from cells both in incubation and reactor stages of the 
experiment. After 24 h at 217 rpm, the number of clumps increased on the slides in both 
experiments. Under 169 and 121 rpm, the number of clumps decreased in both experi-
ments, which again suggests that the net flux of biological material was from biofilms to 
the bulk at lower shear stresses. We found that the average number of clumps (both cells 
and EPS) per square centimetre was higher in chlorine than in non-chlorine experiments 
under all conditions, suggesting that the presence of chlorine promoted either the move-
ment of clumps onto surfaces or the adhesion once they attached. The statistical analysis 
(Table S4 in Supplementary Material) indicated that the number of cell clumps was signif-
icantly higher (p < 0.05) in chlorine than in non-chlorine experiments at 217 rpm and at 
121 rpm. The number of EPS clumps was significantly higher (p < 0.05) in chlorine than in 
non-chlorine experiments in incubation, 217 rpm and 121 rpm. Also, the number of EPS 
clumps was significantly higher (p < 0.05) than that of cell clumps in both chlorine and 
non-chlorine experiments. 

0

28

56

84

112

140 Biofilm thickness (µm) 

incubation

217 rpm

169 rpm

121 rpm

CHLORINE NON-CHLORINE        
0.0

0.2

0.4

0.6

0.8

1.0 Biofilm density (g/cm3) 

incubation

217 rpm

169 rpm

121 rpm

CHLORINE NON-CHLORINE      

Figure 1. (a) Biofilm thickness and (b) biofilm density on reactor slides for chlorine and non-chlorine
experiments under incubation and flow conditions.

3.2. Number of Clumps on Slides

The biofilm on the slides did not comprise a uniform, homogeneous film, instead
it was made up of patches, or clumps, of cells and EPS of differing sizes. Thus, part of
characterizing the biofilm is to ascertain the number and distribution of clumps. The
results in Figure 2 show that the number of EPS clumps was higher than that of cell
clumps in both experiments. Thus, assuming the organic material identified as EPS was
generated by bacteria, EPS clumps have separated from cells both in incubation and reactor
stages of the experiment. After 24 h at 217 rpm, the number of clumps increased on the
slides in both experiments. Under 169 and 121 rpm, the number of clumps decreased in
both experiments, which again suggests that the net flux of biological material was from
biofilms to the bulk at lower shear stresses. We found that the average number of clumps
(both cells and EPS) per square centimetre was higher in chlorine than in non-chlorine
experiments under all conditions, suggesting that the presence of chlorine promoted either
the movement of clumps onto surfaces or the adhesion once they attached. The statistical
analysis (Table S4 in Supplementary Material) indicated that the number of cell clumps
was significantly higher (p < 0.05) in chlorine than in non-chlorine experiments at 217 rpm
and at 121 rpm. The number of EPS clumps was significantly higher (p < 0.05) in chlorine
than in non-chlorine experiments in incubation, 217 rpm and 121 rpm. Also, the number of
EPS clumps was significantly higher (p < 0.05) than that of cell clumps in both chlorine and
non-chlorine experiments.

3.3. Area of Clumps on Slides

The size of the clumps was characterized by their area (Figure 3). In both experiments,
the size of cell clumps was greater than that of EPS clumps. We also found that the average
size of clumps was higher in chlorine than in non-chlorine experiment. This suggests that
it is not merely adhesion that is affected by chlorine, but also the growth or aggregation of
cells in clumps is enhanced by its presence. The mean clump size on the post-incubation
slides and the slides on the reactor turning at 217 rpm were lower than those on the slides
in the slower rotating reactors, despite them having thicker biofilms and more clumps.
The statistical analysis indicated that the area of cell clumps on the slides was significantly
higher (p < 0.05) in chlorine than in non-chlorine experiments at 217 rpm (Table S4 in
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Supplementary Material). Also, the area of EPS clumps was significantly higher (p < 0.05)
than that of cell clumps in both chlorine and non-chlorine experiments.
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Figure 3. Area of clumps on slides for chlorine and non-chlorine experiments (a) cell clumps and
(b) EPS clumps. The error bars represent ± one standard deviation.

To gain a better understanding of the distribution of clump sizes and how it is affected
by the prevailing conditions, we plot the cumulative relative frequency of clump areas
(cells: Figure 4 and EPS: Figure 5) for the chlorine and non-chlorine experiments. One
pixel is equal to 0.1 µm, which means 1 pix2 is equal to 10−2 µm2. These figures show
that the distributions of clump areas are most skewed towards smaller areas for the post
incubation slides, followed by the ones at 217 rpm. The distribution for slides at 121 rpm
is most skewed to towards higher clump areas. This is particularly pronounced for the
chlorinated case. For the non-chlorinated case, there is little difference in the distributions
at lower areas, but the distribution on the lowest rotation speed (121 rpm) slides is still
skewed towards the higher areas. This might suggest that shear stress tends to expand
clumps on the slides, but superimposed on this is the erosion, which can break up clumps
and the deposition and adhesion of small clumps, which is enhanced by higher shear and
chlorine concentrations. We fitted a log-normal cumulative probability distribution to
each of the empirical cumulative frequency distributions, which confirmed a result from a
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previous study that the distribution of clump areas is well characterised by the lognormal
distribution [43].
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3.4. Coverage Area of Clumps on Slides

While several clumps per square micrometre found on the reactor slides might seem
like a dense patch work, the coverage is shown in Figure 6 to be low. This is because these
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clumps are well distributed across the thickness of the biofilm. The coverage area of EPS
clumps was higher than that of cells under all conditions, however, it should be noted that
the coverage as a percentage of the slide surface was low for both. This reinforces the fact
that these drinking water biofilms did not adhere to the classic view of homogenous films.
We found that the coverage area of clumps (both cells and EPS) in percentages was higher
in chlorine than in non-chlorine experiments under all conditions. The lowest coverage
of clumps was for slides rotated at 169 and 121 rpm. This is despite the previous result
where the mean clump sizes were greater in these lower shear conditions. Thus, the higher
coverage that occurred immediately after cultivation and after 24 h in high shear 217 rpm
conditions must be down to the higher absolute number of clumps. Overall, our results
indicate that the presence of 1 mg/L of chlorine in tap water promoted the net movement
of biomaterial onto the slides and its adhesion to form biofilms, especially under high
shear stress.
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3.5. Cell Concentration in Water

In the non-chlorinate experiment, the raw tap water sat for 24 h, while the chlorine
concertation dropped, whereas for the chlorinated experiment the water was taken directly
from the tap (Figure 7). This might explain the fact that the cell count prior to incubation is
higher in the chlorinated than the non-chlorinated experiment. For both experiments, the
cell count in the bulk water declined during incubation, suggesting that bacteria moved
onto the slide surfaces. After 24 h in the reactor rotating at 217 rpm, the cell concentration
further decreased. Thus, despite the high shear, which one might has anticipated at least
initially eroding the biofilm built up during incubation, the net movement over the 24 h
period appears to be from the bulk water onto the slides. For the experiments with lower
rotation speeds, the net movement over the 24 h periods was from the slides back into the
bulk liquid, as the cell counts were higher at the end of the period. We found that the cell
concentration in water was significantly higher (p < 0.05) in non-chlorine than in chlorine
experiments in incubation and at 121 rpm (Table S4 in Supplementary Material).

3.6. Number of Clumps in Water

In raw water there were clumps of cells, but no EPS clumps (Figure 8). After incubation,
for both chlorinated and non-chlorinated cases, the cell clumps had approximately doubled,
and many EPS clumps had appeared, still less than the cell clumps. Indeed, for both
experiments, the number of cell clumps in the bulk water was higher than that of EPS
clumps. Under 217 rpm, the number of cell clumps increased in water, but there were no
EPS clumps. This shows that any erosion that occurred during the 24 h period did not
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remove EPS from the slides. Indeed, all the EPS that was in the post incubation bulk water
was lost during the 24 h period at 217 rpm in chlorinated conditions and was significantly
reduced without chlorine. At lower shear stresses (169 and 121 rpm), the number of cell
and EPS clumps increased in water, which suggests again that over the 24 h, the biofilm
erosion exceeded any deposition. From the statistical analysis (Table S4 in Supplementary
Material), we found that the number of EPS clumps in water was significantly higher
(p < 0.05) in non-chlorine than in chlorine experiments at 169 rpm. Also, the number of cell
clumps was significantly higher (p < 0.05) than that of EPS clumps in both chlorine and
non-chlorine experiments.
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3.7. Area of Clumps in Water

The area of clumps (Figure 9) shows that during incubation both cell and EPS clumps,
on average, grew, both in the chlorinated and non-chlorinated cases. The sizes of cell
clumps were reduced under the high shear (217 rpm), suggesting that either larger clumps
were preferentially laid down on to the slide surfaces or that smaller clumps were eroded
from the slides. We found that the average area of clumps (both cells and EPS) was higher
in non-chlorine than in chlorine experiments under all conditions. Again, this suggests that
biofilm erosion was favoured under non-chlorine conditions. For a better understanding of
the results, we calculated the relative frequency for the distribution of clumps and unlike
for the slides, there was neither any discernible difference in the shape of the distribution
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nor a good fit to the lognormal distribution in both experiments (Figures S1 and S2 in
Supplementary Material). Lastly, we found different interesting structures of biofilms from
the EVOS microscopy images obtained (Figure S3 in Supplementary Material). Biofilms
were found in both filamentous and patchy structures. From the statistical analysis (Table S4
in Supplementary Material), we found that the area of cell clumps in water was significantly
higher (p < 0.05) in non-chlorine than in the chlorine experiment in all reactor conditions.
Also, the area of cell clumps was significantly higher (p < 0.05) than that of EPS clumps in
both chlorine and non-chlorine experiments.
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4. Discussion

When polycarbonate slides sit in static tap water for a week, the clumps of cells
expand and are initiated, presumably through a combination of aggregation and growth,
and clumps of EPS also appear both attached to cells and separate. We found that the
presence of chlorine in the water increases the prevalence and size of cell clumps. We
then placed the slides into the inner wall of the anulus in an annular rotating bioreactor
along with the water used during the incubation period. In three separate experiments, for
both chlorinated water and non-chlorinated water, the reactor was set to rotate for 24 h at
three different speeds 217, 169 and 121 rpm, which induced turbulent flows, with Reynolds
numbers typical of pipe networks. The distribution of biomaterial on the slides and in the
bulk water was affected differently by each of the regimes. Biofilms in chlorine experiments
were shown to be more robust to shear stress as we indicated with our statistical results
(Tables S5 and S6 in Supplementary Material).

Previous studies have investigated the interaction of chlorine with different biofilm
clump sizes under different shear stress conditions. Tsai (2006) showed that there was no
significant interaction of chlorine concentration and shear stress for particle numbers with
2–5, 5–15, 50–100 and >100 µm diameters. Instead, a significant interaction was found on
particle numbers of 15–25 and 25–50 µm diameters [44]. Similarly, Behnke et al. in 2011
highlighted that the chlorine disinfection tolerance was highly dependent on the cluster
size distribution of biofilms. It was shown that the disinfection efficacy was dependent on
species composition; co-culture was advantageous to the survival of two bacterial species
when grown as a biofilm or as clusters detached from biofilm but, surprisingly, there was
lower disinfection tolerance when they were grown as a mixed planktonic culture [45]. In
another study, Zhang et al. (2019) found that the disinfection effect on biofilm bacteria
was dose dependent and species specific. Chlorine disinfection was shown to reduce
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bacterial numbers but had little effect on biofilms grown in annular reactors on cast iron
coupons [46].

In a previous study, Kelly et al. in 2014 found that there was no significant relationship
between the abundance of bacteria within the biofilms and the concentrations of disinfectant
(monochloramine) in a region of a DWDS in Florida in USA, which showed that significant
protection was provided to the bacteria by the biofilm matrix [47]. This is important
as biofilms may consist of pathogenic bacteria posing serious risks to public health and
it has been shown that under high shear stress conditions that typify DWDS biofilm
formation are favoured [21,48]. Liu et al. in 2020 indicated that under turbulent flow they
observed enhanced biofilm formation, with the highest biofilm/total cells ratio. Under the
high shear stress conditions, EPS production was enhanced and resulted in pipe surface
aggregation [49].

In our study, we did not observe the biofilm dynamics in real time and only observed
the biofilm and water characteristics at the end of the 24 h period. Nonetheless, we can
speculate on the mechanisms that might have affected the changes. It is reasonable to
assume that the partitioning of material between the biofilms on the slides and the bulk
water and the nature of the biofilms are affected by a combination of three main mechanisms,
the relative importance of which are a function of the turbulence and shear stress. Firstly,
biofilms will be eroded by the shear stress on the slide induced by the flow. Thus, single
cells and clumps of varying sizes, less than or equal to those on the slides, of both cell and
EPS, will be ripped from the slide and entrained into the bulk liquid. One would expect
that the higher the flow rate, the higher the shear and thus, the greater the entrainment.
Secondly, the processes of cell growth and EPS production will expand existing structures
in both the bulk water and the slides. Thirdly, the cells and clumps of biomaterial in the
flow will be advected in the flow and, ignoring the motility of cells for the moment, will
be subject to molecular diffusion and dispersion due to the turbulence, which will deposit
particles onto the slides. A fourth, more speculative process is the possibility that the
properties of the biomaterial change under high turbulence to become more adhesive.

In our case, when we applied the highest shear at 217 rpm, we did not see an increase
in the entrained material over the 24 h period. Indeed, all the EPS moved from the bulk
liquid onto the slides. It may be that there is an initial entrainment event that we missed,
but over the 24 h period, deposition exceeded entrainment. The fact that this did not
happen at lower shears suggests that the deposition is positively correlated with turbulence
intensity. This has been observed and indeed is the basis of several mathematical models of
deposition [50,51].

Overall, this research aims to highlight to the water industry to look beyond the
traditional practice and regulation of chlorine disinfection in water treatment and inform
the existing disinfectant residual strategies in order to ensure safe drinking water. Future
research is needed to investigate the role of chlorine disinfection residuals in biofilms and
in water as recent studies show that they are associated with systematic impacts on the
structure and functional potential of the drinking water microbiome [52], a selection of
opportunistic pathogens [53], higher proportional abundance of deleterious microbes, such
as mycobacteria, nitrifiers, and corrosion causing bacteria in biofilms [54], and finally, the
presence of antibiotic resistance genes in the water [55].

Our main finding in this study supports that chlorine disinfectant residuals promote
tap water biofilms on surfaces. This is significant, as the biofilms forming on the walls of
water pipes via the EPS might be home for opportunistic pathogenic bacteria, which can
result in serious human health risks. Previous studies have investigated specific species
biofilms [9,56,57]. Our focus was on multi-species biofilms that can form from bacteria that
live in our tap water systems. Further research on chlorine disinfectant strategies in DWDS
is needed to ensure safe drinking water free of biofilm clumps and pathogens remains.
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Supplementary Materials: The following supporting information can be downloaded at: https://www.
mdpi.com/article/10.3390/microorganisms11112680/s1, Table S1. Concentration of total chlorine
in preliminary experiment in raw water; Table S2. Concentration of total chlorine in preliminary
experiment in raw water with the addition of sodium hypochlorite; Table S3 Concentration of total
chlorine in chlorine experiment in the incubator and in the reactor; Figure S1. Relative frequency
figures for the area of cell clumps (in square pixels) in water for (a) chlorine experiment and (b) non-
chlorine experiments; Figure S2. Relative frequency figures for the area of EPS clumps (in pixels) in
water for (a) chlorine and (b) non-chlorine experiments; Figure S3. Biofilm (EPS in green colour and
cells in purple colour) images from EVOS FL Auto 2 cell imaging system using a 100X oil immersion
objective lens. These images were selected randomly to indicate (a) filamentous structures and
(b) round/patchy structures found in biofilms; Table S4. Statistical results for biomass measures of
the same flow regime between chlorine and non-chlorine experiment: x—significant differences were
found (p < 0.05); Table S5. Statistical results for biomass between the different flow regimes in chlorine
experiment: 1—incubation, 2—217 rpm, 3—169 rpm, 4—121 rpm, 5—raw water, x—significant
differences were found (p < 0.05); Table S6. Statistical results for biomass between the different flow
regimes in non-chlorine experiment: 1—incubation, 2—217 rpm, 3—169 rpm, 4—121 rpm, 5—raw
water, x—significant differences were found (p < 0.05).

Author Contributions: Conceptualization, W.S.; Methodology, E.T.; Validation, E.T.; Formal analysis,
E.T.; Investigation, E.T.; Writing—original draft, E.T.; Writing—review & editing, W.S.; Funding
acquisition, W.S. All authors have read and agreed to the published version of the manuscript.

Funding: This research was funded by EPSRC grants EP/V030515/1 and EP/W037475/1.

Data Availability Statement: The data presented in this study are available on request from the
corresponding author.

Conflicts of Interest: The authors declare no conflict of interest.

References
1. Flemming, H.C.; Percival, S.L.; Walker, J.T. Contamination potential of biofilms in water distribution systems. Innov. Conv. Adv.

Water Treat. Process. 2002, 2, 271–280. [CrossRef]
2. Hemdan, B.A.; El-Taweel, G.E.; Goswami, P.; Pant, D.; Sevda, S. The role of biofilm in the development and dissemination of

ubiquitous pathogens in drinking water distribution systems: An overview of surveillance, outbreaks, and prevention. World J.
Microbiol. Biotechnol. 2021, 37, 36. [CrossRef] [PubMed]

3. Collier, S.A.; Deng, L.; Adam, E.A.; Benedict, K.M.; Beshearse, E.M.; Blackstock, A.J.; Bruce, B.B.; Derado, G.; Edens, C.; Fullerton,
K.E.; et al. Estimate of Burden and Direct Healthcare Cost of Infectious Waterborne Disease in the United States. Emerg. Infect.
Dis. 2021, 27, 140–149. [CrossRef] [PubMed]

4. Craun, G.F.; Brunkard, J.M.; Yoder, J.S.; Roberts, V.A.; Carpenter, J.; Wade, T.; Calderon, R.L.; Roberts, J.M.; Beach, M.J.; Roy, S.L.
Causes of outbreaks associated with drinking water in the United States from 1971 to 2006. Clin. Microbiol. Rev. 2010, 23, 507–528.
[CrossRef] [PubMed]

5. Bertelli, C.; Courtois, S.; Rosikiewicz, M.; Piriou, P.; Aeby, S.; Robert, S.; Loret, J.F.; Greub, G. Reduced Chlorine in Drinking Water
Distribution Systems Impacts Bacterial Biodiversity in Biofilms. Front. Microbiol. 2018, 9, 2520. [CrossRef]

6. Douterelo, I.; Sharpe, R.; Boxall, J. Bacterial community dynamics during the early stages of biofilm formation in a chlorinated
experimental drinking water distribution system: Implications for drinking water discolouration. J. Appl. Microbiol. 2014, 117,
286–301. [CrossRef]

7. Liu, S.; Gunawan, C.; Barraud, N.; Rice, S.A.; Harry, E.J.; Amal, R. Understanding, Monitoring, and Controlling Biofilm Growth
in Drinking Water Distribution Systems. Environ. Sci. Technol. 2016, 50, 8954–8976. [CrossRef]

8. Nieuwenhuijsen, M.J.; Martinez, D.; Grellier, J.; Bennett, J.; Best, N.; Iszatt, N.; Vrijheid, M.; Toledano, M.B. Chlorination
disinfection by-products in drinking water and congenital anomalies: Review and meta-analyses. Environ. Health Perspect. 2009,
117, 1486–1493. [CrossRef]

9. Zhu, Z.; Shan, L.; Hu, F.; Li, Z.; Zhong, D.; Yuan, Y.; Zhang, J. Biofilm formation potential and chlorine resistance of typical
bacteria isolated from drinking water distribution systems. RSC Adv. 2020, 10, 31295–31304. [CrossRef]

10. Abberton, C.L.; Bereschenko, L.; van der Wielen, P.W.; Smith, C.J. Survival, Biofilm Formation, and Growth Potential of
Environmental and Enteric Escherichia coli Strains in Drinking Water Microcosms. Appl. Environ. Microbiol. 2016, 82, 5320–5331.
[CrossRef]

11. Fish, K.E.; Collins, R.; Green, N.H.; Sharpe, R.L.; Douterelo, I.; Osborn, A.M.; Boxall, J.B. Characterisation of the physical
composition and microbial community structure of biofilms within a model full-scale drinking water distribution system. PLoS
ONE 2015, 10, e0115824. [CrossRef]

https://www.mdpi.com/article/10.3390/microorganisms11112680/s1
https://www.mdpi.com/article/10.3390/microorganisms11112680/s1
https://doi.org/10.2166/ws.2002.0032
https://doi.org/10.1007/s11274-021-03008-3
https://www.ncbi.nlm.nih.gov/pubmed/33507414
https://doi.org/10.3201/eid2701.190676
https://www.ncbi.nlm.nih.gov/pubmed/33350905
https://doi.org/10.1128/CMR.00077-09
https://www.ncbi.nlm.nih.gov/pubmed/20610821
https://doi.org/10.3389/fmicb.2018.02520
https://doi.org/10.1111/jam.12516
https://doi.org/10.1021/acs.est.6b00835
https://doi.org/10.1289/ehp.0900677
https://doi.org/10.1039/D0RA04985A
https://doi.org/10.1128/AEM.01569-16
https://doi.org/10.1371/journal.pone.0115824


Microorganisms 2023, 11, 2680 13 of 14

12. Wang, Y.H.; Wu, Y.H.; Yu, T.; Zhao, X.H.; Tong, X.; Bai, Y.; Huo, Z.Y.; Hu, H.Y. Effects of chlorine disinfection on the membrane
fouling potential of bacterial strains isolated from fouled reverse osmosis membranes. Sci. Total Environ. 2019, 693, 133579.
[CrossRef] [PubMed]

13. Mir, J.; Morato, J.; Ribas, F. Resistance to chlorine of freshwater bacterial strains. J. Appl. Microbiol. 1997, 82, 7–18. [CrossRef]
[PubMed]

14. Packman, A. Characterizing the Interactions between Pathogens and Biofilms in Distribution Systems; Northwestern University, The
Water Research Foundation: Evanston, IL, USA, 2015.

15. Sedlak, D.L.; von Gunten, U. Chemistry. The chlorine dilemma. Science 2011, 331, 42–43. [CrossRef]
16. Fish, K.E.; Reeves-McLaren, N.; Husband, S.; Boxall, J. Unchartered waters: The unintended impacts of residual chlorine on water

quality and biofilms. NPJ Biofilms Microbiomes 2020, 6, 34. [CrossRef] [PubMed]
17. Fish, K.E.; Boxall, J.B. Biofilm Microbiome (Re)Growth Dynamics in Drinking Water Distribution Systems Are Impacted by

Chlorine Concentration. Front. Microbiol. 2018, 9, 2519. [CrossRef] [PubMed]
18. White, C.; Tancos, M.; Lytle, D.A. Microbial community profile of a lead service line removed from a drinking water distribution

system. Appl. Environ. Microbiol. 2011, 77, 5557–5561. [CrossRef]
19. Su, H.C.; Liu, Y.S.; Pan, C.G.; Chen, J.; He, L.Y.; Ying, G.G. Persistence of antibiotic resistance genes and bacterial community

changes in drinking water treatment system: From drinking water source to tap water. Sci. Total Environ. 2018, 616–617, 453–461.
[CrossRef]

20. Chandy, J.P.; Angles, M.L. Determination of nutrients limiting biofilm formation and the subsequent impact on disinfectant decay.
Water Res. 2001, 35, 2677–2682. [CrossRef]

21. Tsagkari, E.; Sloan, W.T. Turbulence accelerates the growth of drinking water biofilms. Bioprocess Biosyst. Eng. 2018, 41, 757–770.
[CrossRef]

22. García-Ávila, F.; Avilés-Añazco, A.; Ordoñez-Jara, J.; Guanuchi-Quezada, C.; Flores del Pino, L.; Ramos-Fernández, L. Modeling
of residual chlorine in a drinking water network in times of pandemic of the SARS-CoV-2 (COVID-19). Sustain. Environ. Res.
2021, 31, 12. [CrossRef]

23. Tsagkari, E.; Sloan, W.T. Impact of Methylobacterium in the drinking water microbiome on removal of trihalomethanes. Int.
Biodeterior. Biodegrad. 2019, 141, 10–16. [CrossRef]

24. Chamberlain, E.; Adams, C. Oxidation of sulfonamides, macrolides, and carbadox with free chlorine and monochloramine. Water
Res. 2006, 40, 2517–2526. [CrossRef] [PubMed]

25. Szabo, J.G.; Rice, E.W.; Bishop, P.L. Persistence and decontamination of Bacillus atrophaeus subsp. globigii spores on corroded iron
in a model drinking water system. Appl. Environ. Microbiol. 2007, 73, 2451–2457.

26. Garny, K.; Horn, H.; Neu, T.R. Interaction between biofilm development, structure and detachment in rotating annular reactors.
Bioprocess. Biosyst. Eng. 2008, 31, 619–629. [CrossRef]

27. Tsagkari, E.; Keating, C.; Couto, J.M.; Sloan, W.T. A Keystone Methylobacterium Strain in Biofilm Formation in Drinking Water.
Water 2017, 9, 778. [CrossRef]

28. Fish, K.; Osborn, A.M.; Boxall, J.B. Biofilm structures (EPS and bacterial communities) in drinking water distribution systems are
conditioned by hydraulics and influence discolouration. Sci. Total Environ. 2017, 593–594, 571–580. [CrossRef]

29. Agudelo-Vera, C.; Avvedimento, S.; Boxall, J.; Creaco, E.; De Kater, H.; Di Nardo, A.; Djukic, A.; Douterelo, I.; Fish, K.E.; Rey,
P.L.; et al. Drinking Water Temperature around the Globe: Understanding, Policies, Challenges and Opportunities. Water 2020,
12, 1049. [CrossRef]

30. Ripolles-Avila, C.; Hascoët, A.S.; Guerrero-Navarro, A.E.; Rodríguez-Jerez, J.J. Establishment of incubation conditions to optimize
the in vitro formation of mature Listeria monocytogenes biofilms on food-contact surfaces. Food Control 2018, 92, 240–248. [CrossRef]

31. Zlatanovic, L.; van der Hoek, J.P.; Vreeburg, J.H.G. An experimental study on the influence of water stagnation and temperature
change on water quality in a full-scale domestic drinking water system. Water Res. 2017, 123, 761–772. [CrossRef]

32. Childs, P.R.N. Rotating Cylinders, Annuli, and Spheres. In Rotating Flow; Elsevier Science & Technology Books: Shanghai, China,
2011; Chapter 6.

33. Kaye, J.; Elgar, E.C. Modes of Adiabatic and Diabatic Fluid Flow in an Annulus with an Inner Rotating Cylinder; M.I.T. Research
Laboratory of Heat Transfer in Electronics, Massachusetts Institute of Technology, Research Laboratory of Heat Transfer in
Electronics: Cambridge, MA, USA, 1957; pp. 753–765.

34. Bird, R.B.; Steward, E.W.; Lightfoot, N.E. Transport Phenomena; Wiley: New York, NY, USA, 1960; 780p.
35. Munson, B.R.; Young, D.F.; Okiisshi, T.H. Fundamentals of Fluid Mechanics, 1st ed.; John Wiley and Sons: Hoboken, NJ, USA, 1998.
36. Characklis, W.G.; Turakhia, M.H.; Zelver, N. Transport and interfacial transfer phenomena. In Biofilms; Characklis, W.G., Marshall,

K.C., Eds.; John Wiley & Sons: New York, NY, USA, 1990; p. 288.
37. Staudt, C.; Horn, H.; Hempel, D.C.; Neu, T.R. Volumetric measurements of bacterial cells and extracellular polymeric substance

glycoconjugates in biofilms. Biotechnol. Bioeng. 2004, 88, 585–592. [CrossRef] [PubMed]
38. Chao, Y.Q.; Zhang, T. Optimization of fixation methods for observation of bacterial cell morphology and surface ultrastructures

by atomic force microscopy. Appl. Microbiol. Biotechnol. 2011, 92, 381–392. [CrossRef] [PubMed]
39. Flemming, H.C.; Wingender, J. The biofilm matrix. Nat. Rev. Microbiol. 2010, 8, 623–633. [CrossRef] [PubMed]
40. Kepner, R.L.; Pratt, J.R. Use of Fluorochromes for Direct Enumeration of Total Bacteria in Environmental-Samples—Past and

Present. Microbiol. Rev. 1994, 58, 603–615. [CrossRef]

https://doi.org/10.1016/j.scitotenv.2019.133579
https://www.ncbi.nlm.nih.gov/pubmed/31376757
https://doi.org/10.1111/j.1365-2672.1997.tb03292.x
https://www.ncbi.nlm.nih.gov/pubmed/9113873
https://doi.org/10.1126/science.1196397
https://doi.org/10.1038/s41522-020-00144-w
https://www.ncbi.nlm.nih.gov/pubmed/32978404
https://doi.org/10.3389/fmicb.2018.02519
https://www.ncbi.nlm.nih.gov/pubmed/30459730
https://doi.org/10.1128/AEM.02446-10
https://doi.org/10.1016/j.scitotenv.2017.10.318
https://doi.org/10.1016/S0043-1354(00)00572-8
https://doi.org/10.1007/s00449-018-1909-0
https://doi.org/10.1186/s42834-021-00084-w
https://doi.org/10.1016/j.ibiod.2018.07.015
https://doi.org/10.1016/j.watres.2006.04.039
https://www.ncbi.nlm.nih.gov/pubmed/16790259
https://doi.org/10.1007/s00449-008-0212-x
https://doi.org/10.3390/w9100778
https://doi.org/10.1016/j.scitotenv.2017.03.176
https://doi.org/10.3390/w12041049
https://doi.org/10.1016/j.foodcont.2018.04.054
https://doi.org/10.1016/j.watres.2017.07.019
https://doi.org/10.1002/bit.20241
https://www.ncbi.nlm.nih.gov/pubmed/15470707
https://doi.org/10.1007/s00253-011-3551-5
https://www.ncbi.nlm.nih.gov/pubmed/21881891
https://doi.org/10.1038/nrmicro2415
https://www.ncbi.nlm.nih.gov/pubmed/20676145
https://doi.org/10.1128/mr.58.4.603-615.1994


Microorganisms 2023, 11, 2680 14 of 14

41. Srinivasan, S.; Harrington, G.W.; Xagoraraki, I.; Goel, R. Factors affecting bulk to total bacteria ratio in drinking water distribution
systems. Water Res. 2008, 42, 3393–3404. [CrossRef]

42. Momba, M.N.B.; Kfir, R.; Venter, S.N.; Cloete, T.E. An overview of biofilm formation in distribution systems and its impact on the
deterioration of water quality. Water SA 2000, 26, 59–66.

43. Tsagkari, E.; Connelly, S.; Liu, Z.; McBride, A.; Sloan, W.T. The role of shear dynamics in biofilm formation. NPJ Biofilms
Microbiomes 2022, 8, 33. [CrossRef]

44. Tsai, Y.P. Interaction of chlorine concentration and shear stress on chlorine consumption, biofilm growth rate and particle number.
Bioresour. Technol. 2006, 97, 1912–1919. [CrossRef]

45. Behnke, S.; Parker, A.E.; Woodall, D.; Camper, A.K. Comparing the chlorine disinfection of detached biofilm clusters with those of
sessile biofilms and planktonic cells in single- and dual-species cultures. Appl. Environ. Microbiol. 2011, 77, 7176–7184. [CrossRef]

46. Zhang, H.; Tian, Y.; Kang, M.; Chen, C.; Song, Y.; Li, H. Effects of chlorination/chlorine dioxide disinfection on biofilm bacterial
community and corrosion process in a reclaimed water distribution system. Chemosphere 2019, 215, 62–73. [CrossRef]

47. Kelly, J.J.; Minalt, N.; Culotti, A.; Pryor, M.; Packman, A. Temporal variations in the abundance and composition of biofilm
communities colonizing drinking water distribution pipes. PLoS ONE 2014, 9, e98542. [CrossRef] [PubMed]

48. Rosario-Ortiz, F.; Rose, J.; Speight, V.; Gunten, U.V.; Schnoor, J. How do you like your tap water? Science 2016, 351, 912–914.
[CrossRef] [PubMed]

49. Liu, Y.Y.; Shan, R.; Chen, G.; Liu, L. Linking flow velocity-regulated EPS production with early-stage biofilm formation in drinking
water distribution systems. Water Supply 2020, 20, 1253–1263. [CrossRef]

50. Morgenroth, E.; Wilderer, P.A. Influence of detachment mechanisms on competition in biofilms. Water Res. 2000, 34, 417–426.
[CrossRef]

51. Cogan, N.G.; Harro, J.M.; Stoodley, P.; Shirtliff, M.E. Predictive Computer Models for Biofilm Detachment Properties in
Pseudomonas aeruginosa. Mbio 2016, 7, e00815-16. [CrossRef] [PubMed]

52. Dai, Z.; Sevillano-Rivera, M.C.; Calus, S.T.; Bautista-de Los Santos, Q.M.; Eren, A.M.; Van Der Wielen, P.W.; Ijaz, U.Z.; Pinto, A.J.
Disinfection exhibits systematic impacts on the drinking water microbiome. Microbiome 2020, 8, 42. [CrossRef]

53. Falkinham, J.O.; Pruden, A.; Edwards, M. Opportunistic Premise Plumbing Pathogens: Increasingly Important Pathogens in
Drinking Water. Pathogens 2015, 4, 373–386. [CrossRef]

54. Waak, M.B.; Hozalski, R.M.; Hallé, C.; LaPara, T.M. Comparison of the microbiomes of two drinking water distribution systems-
with and without residual chloramine disinfection. Microbiome 2019, 7, 87. [CrossRef]

55. Zhang, H.C.; Chang, F.; Shi, P.; Ye, L.; Zhou, Q.; Pan, Y.; Li, A. Antibiotic Resistome Alteration by Different Disinfection Strategies
in a Full-Scale Drinking Water Treatment Plant Deciphered by Metagenomic Assembly. Environ. Sci. Technol. 2019, 53, 2141–2150.
[CrossRef]

56. Saravanan, P.; Nancharaiah, Y.V.; Venugopalan, V.P.; Rao, T.S.; Jayachandran, S. Biofilm formation by Pseudoalteromonas ruthenica
and its removal by chlorine. Biofouling 2006, 22, 371–381. [CrossRef]

57. Loret, J.F.; Robert, S.; Thomas, V.; Levi, Y.; Cooper, A.J.; McCoy, W.F. Comparison of disinfectants for biofilm, protozoa and
Legionella control. J. Water Health 2005, 3, 423–433. [CrossRef] [PubMed]

Disclaimer/Publisher’s Note: The statements, opinions and data contained in all publications are solely those of the individual
author(s) and contributor(s) and not of MDPI and/or the editor(s). MDPI and/or the editor(s) disclaim responsibility for any injury to
people or property resulting from any ideas, methods, instructions or products referred to in the content.

https://doi.org/10.1016/j.watres.2008.04.025
https://doi.org/10.1038/s41522-022-00300-4
https://doi.org/10.1016/j.biortech.2005.08.003
https://doi.org/10.1128/AEM.05514-11
https://doi.org/10.1016/j.chemosphere.2018.09.181
https://doi.org/10.1371/journal.pone.0098542
https://www.ncbi.nlm.nih.gov/pubmed/24858562
https://doi.org/10.1126/science.aaf0953
https://www.ncbi.nlm.nih.gov/pubmed/26917751
https://doi.org/10.2166/ws.2020.039
https://doi.org/10.1016/S0043-1354(99)00157-8
https://doi.org/10.1128/mBio.00815-16
https://www.ncbi.nlm.nih.gov/pubmed/27302761
https://doi.org/10.1186/s40168-020-00813-0
https://doi.org/10.3390/pathogens4020373
https://doi.org/10.1186/s40168-019-0707-5
https://doi.org/10.1021/acs.est.8b05907
https://doi.org/10.1080/08927010601029103
https://doi.org/10.2166/wh.2005.047
https://www.ncbi.nlm.nih.gov/pubmed/16459847

	Introduction 
	Materials and Methods 
	Experimental System and Conditions 
	Biofilm Measurements 
	Biomaterial Measurements 
	Statistical Analysis 

	Results 
	Biofilm Thickness and Density 
	Number of Clumps on Slides 
	Area of Clumps on Slides 
	Coverage Area of Clumps on Slides 
	Cell Concentration in Water 
	Number of Clumps in Water 
	Area of Clumps in Water 

	Discussion 
	References

